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Department of Cell Biology, Scripps Research Institute, La Jolla, CaliforniaABSTRACT A complete mechanistic understanding of membrane-localized processes in vesicular transport, such as
membrane budding and ﬁssion, requires their reconstitution with biochemically-deﬁned components from a biochemically-
deﬁned substrate. Supported bilayers formed by vesicle fusion represent an attractive substrate for this purpose. However,
conventional supported bilayers lack a sufﬁcient membrane reservoir to recreate membrane budding and ﬁssion events. We
describe the formation of supported bilayers with excess membrane reservoir (SUPER) templates from the fusion of liposomes
containing negatively charged lipids on silica beads under high-ionic-strength conditions. Using a ﬂuorescence microscopy-
based assay to monitor early and late stages of supported bilayer formation, we show that an increase in ionic strength leads
to an increase in the rates of liposome adsorption and subsequent fusion during formation of supported bilayers. The two rates,
however, increase disproportionally, leading to accumulation of excess reservoir with an increase in ionic strength. SUPER
templates allow the seamless application of microscopy-based assays to analyze membrane-localized processes together
with sedimentation-based assays to isolate vesicular and nonvesicular products released from the membrane. The results
presented here emphasize the general utility of these templates for analyzing vesicular and nonvesicular transport processes.INTRODUCTIONVesicular transport is a process by which cells take up nutri-
ents from the extracellular environment, generate organelles,
and maintain the compositional identity of cellular mem-
branes. This process exhibits diversity in terms of the vesic-
ular intermediates it generates and the type of cargo that is
sorted and captured in transport intermediates. During
coated-vesicular transport, protein coats assembled from
cytosolic constituents form around and encapsulate the
underlying membrane to generate vesicles that are used to
efficiently sort and traffic transmembrane cargo (1–3). Trans-
port pathways that generate tubulovesicular intermediates
lacking a discernible coat traffic fluid and bulk membrane
from one cellular compartment to another (4).
Reconstituting vesicular transport in a biochemically-
defined system is a powerful approach for deciphering first
principles and gaining mechanistic insight into this cellular
process. Liposomes were the preferred membrane reservoir
in earlier vesicular transport reconstitution studies (5,6), and
our current understanding of this cellular process is largely
based on the insights provided by those studies. However,
liposomes present inherent limitations to the analysis of reac-
tions involving membrane budding and fission. Their small
size precludes spatially resolved, dynamic analyses using
techniques such as fluorescence microscopy, and their buoy-
ancy necessitates a density-gradient analysis to isolate the end
products of a vesiculation process. The latter is of particular
concern because osmotic imbalances that would be experi-Submitted February 17, 2010, and accepted for publication April 19, 2010.
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transport intermediates, as was recently described for mem-
brane tethers (7). Moreover, membrane templates with the
capacity of displaying gradients of membrane curvature in
the form of buds on an otherwise planar surface would be
desirable because membrane curvature appears to be an
important determinant in spatially regulating the activities
of proteins in vesicular transport (8). Recreating the gradients
of membrane curvature requires liposome preparations larger
than the typical dimensions of transport vesicles (~100 nm).
However, the heterogeneity in size of the liposomes associ-
ated with such preparations makes them poorly suited for
this purpose.
Supported bilayers have emerged as a popular model
membrane system and have been used to reconstitute mul-
tiple membrane-localized processes, such as cell signaling,
cell-cell communication, and soluble N-ethylmaleimide
sensitive factor attachment protein receptor- and virus-medi-
ated membrane fusion events (9,10). Supported bilayers are
formed by the spontaneous reorganization of surface-
adsorbed liposomes into planar bilayers on solid supports
(11–13). A combination of hydration, van der Waals, and
electrostatic forces retains the bilayer on the surface. Of
importance, constituent lipid molecules in supported bilayers
diffuse laterally because the bilayer is separated from the
solid support by a thin (1–2 nm) aqueous cushion (14).
We previously described the supported bilayers with
excess membrane reservoir (SUPER) template and discussed
its use in analyzing membrane fission and vesicle release
catalyzed by the large GTPase dynamin-1 (15). Here, we
present a detailed characterization of these templates in terms
of accumulation of excess membrane reservoir, and assessdoi: 10.1016/j.bpj.2010.04.036
518 Pucadyil and Schmidtheir robustness as templates for analyzing biologically rele-
vant vesiculation events.MATERIALS AND METHODS
Preparation of liposomes
Stock solutions of 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC),
1,2-dioleoyl-sn-glycero-3-phospho-L-serine (DOPS), 1,2-dioleoyl-sn-glycero-
3-phosphoethanolamine (DOPE), cholesterol, L-a-phosphatidylinositol-4,
5-bisphosphate (ammonium salt, PI-(4,5)-P2), 1,2-dioleoyl-sn-glycero-3-phos-
phoethanolamine-N-(lissamine rhodamine B sulfonyl) (ammonium salt,
RhPE), and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(7-nitro-2-
1,3-benzoxadiazol-4-yl) (ammoniumsalt,NBD-PE)wereobtained fromAvanti
Polar Lipids (Alabaster, AL). The required volumes from stock solutions were
aliquoted into a glass tube and mixed gently. The solvent was dried rapidly
under a stream of nitrogen while it was gently warmed (~50C). The lipids
were further driedunderhard vacuumfor30min.The dried lipidswerehydrated
in water filtered through aMilli-Q system (Millipore, Bedford,MA) for 30min
at 50C with intermittent vortexing. To prepare small unilamellar vesicles
(SUVs), hydrated lipids were sonicated with a probe sonicator (Thermo Fisher
Scientific, Waltham, MA) at a low-amplitude setting in an ice-water mixture.
The samples were centrifuged at 100,000 g for 20 min at room temperature
and the supernatant was collected. Large unilamellar vesicles (LUVs) were
prepared by subjecting the hydrated lipids to multiple freeze-thaw cycles
using liquid N2 before extruding them through 0.1 mm polycarbonate filters
using anAvantiMini-extruder. The final phospholipid concentrationwas deter-
mined by assaying the phosphate content subsequent to total digestion by
perchloric acid (16).Preparation of templates
Silica beads (4.9 mm diameter; Corpuscular Inc., Cold Spring, NY) were
added to a premixed solution of liposomes with the desired NaCl concentra-
tion in a total volume of 100 mL in a 1.5 mL clear polypropylene centrifuge
tube. The final bead density and liposome concentration were 5  106 and
200 mM, respectively. This mixture was incubated for 30 min at room
temperature with intermittent vortexing. The templates thus formed were
washed four times with 1 mL of water by a low-speed spin (300 g) for
2 min in a swinging bucket rotor at room temperature, leaving behind a
100 mL volume of water in each wash. We avoided the use of buffers during
template formation because our goal was to analyze the specific effect of salt
on supported bilayer formation, and the buffers themselves contribute
substantially to the ionic strength. However, the results were qualitatively
similar to those obtained from templates formed with salt solutions buffered
with 20 mM HEPES pH 7.5.Dynamin expression and puriﬁcation
Dynamin-1 was expressed and purified as described previously (17).Sedimentation assays with templates
Membrane (lipid) released from RhPE-labeled templates was analyzed by
means of a sedimentation assay. Briefly, an aliquot (10 mL) of templates
was gently added without mixing to 20 mM HEPES pH 7.5, 150 mM
NaCl buffer (90 mL) in 1.5 mL polypropylene centrifuge tubes. In a separate
reaction, we estimated the total lipid concentration on the templates by add-
ing them to buffer containing 0.1% Triton X-100. The samples were left
undisturbed for 30 min at room temperature, and the beads were spun
down at low speed (300 g) for 2 min at room temperature. An aliquot
(75 mL) of the supernatant was mixed with 25 mL of 0.4% Triton X-100
(Thermo Fisher Scientific, Waltham, MA) or, to estimate the total lipid,
0.1% Triton X-100. The fluorescence intensity of the supernatant was readBiophysical Journal 99(2) 517–525in a plate reader (Bio-Tek Instruments, Winooski, VT) using 530/25 nm
excitation and 590/25 nm emission filters. Membrane fission assays were
carried out with 0.5 mM dynamin-1 in 20 mM HEPES pH 7.5, 150 mM
NaCl, 1 mM MgCl2 buffer with 1 mM GTP (Axxora, San Diego, CA).
Template stability assays were carried out with increasing concentrations
of Triton X-100 or with fatty acid-free bovine serum albumin (BSA; Roche,
Indianapolis, IN) in 20 mM HEPES pH 7.5, 150 mM NaCl buffer.Fluorescence microscopy
Glass coverslips (Fisher Scientific, Pittsburgh, PA) were cleaned with
piranha solution (conc. H2SO4/30% H2O2 4:1, v/v) for 1 h at room temper-
ature and washed extensively with boiling water. The coverslips were
allowed to attain room temperature, stored under water, and air-dried before
use. To coat the coverslips with PEG-silane, piranha-cleaned coverslips
were first dried in an oven at 200C for 3 h and then treated at room temper-
ature for 30 min with PEG-silane (2%, v/v; Gelest Inc., Morrisville, PA) in
acetone. The coverslips were later washed extensively with water and
air-dried before use. Templates and liposomes were imaged on an inverted
Olympus IX-71 microscope equipped with a Hamamatsu ORCA ER
1392 CCD camera with a 100, 1.4 NA, oil-immersion objective using
555/28 nm excitation and 600/30 nm emission filters. Fluorescence images
were analyzed using ImageJ (http://rsb.info.nih.gov/ij/). Dithionite quench-
ing experiments were performed as described previously (15).RESULTS
Effect of ionic strength on themembrane reservoir
in negatively charged supported bilayers
A prerequisite for vesicular transport is a fluid membrane
reservoir that is capable of undergoing budding and fission
to generate vesicles. Conventional supported bilayers are
not ideal substrates for vesicle formation because interac-
tions between the lipid bilayer and the solid support tend
to reduce the propensity for the bilayer to undergo shape
transformations. Previous studies showed that supported
bilayers formed with phosphatidic acid (PA)-containing lipo-
somes under high-ionic-strength conditions display budded
membrane structures (18–20). This effect was attributed to
phase separation under conditions of high ionic strength
due to the intrinsic negative charge and curvature of PA.
However, we reasoned that the budded membrane structures
could also have formed as the result of an increased
membrane reservoir in the supported bilayers, which may
have been due to the inclusion of negatively charged lipids
in the mixture. To test this, we systematically examined
the influence of ionic strength and negatively charged lipid
content on the membrane reservoir in supported bilayers.
We chose to use silica beads as the substrate on which to
form supported bilayers because the membrane reservoir
can be readily quantified by a low-speed spin that sediments
beads and removes unbound liposomes. Supported bilayers
were formed by fusion of DOPC/DOPS (85:15 mol%)
SUVs (200 mM) in the presence of increasing concentrations
of NaCl. The liposomes contained a trace amount (1 mol%)
of a fluorescent lipid analog, RhPE, for detection purposes.
The templates thus formed were washed several times by
low-speed sedimentation and resuspension in water to
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voir in the templates was estimated based on the RhPE fluo-
rescence released with 0.1% Triton X-100. Fig. 1 A shows
that an increase in ionic strength of the medium during
template formation leads to a significant increase in the
membrane reservoir deposited on the templates. Thus, the
templates accumulate a 2.5-fold excess reservoir with an
increase in NaCl concentration from 1 mM to 1 M.
To visualize the membrane reservoir, we added beads to
a drop of phosphate-buffered saline solution on a piranha-
cleaned glass coverslip. The templates bind and spontane-
ously spill out their excess reservoir, which can be seen as
a patch of membrane around the templates when imaged at
their basal plane (Fig. 1 B, arrows). The fluorescence inten-
sity of templates should be proportional to the membrane
reservoir on them; therefore, we analyzed the amount of
membrane reservoir on individual templates by fluorescence
microscopy. Fig. 1 C shows templates focused at the equato-
rial plane of the beads formed with 1 mM NaCl and those
formed with 1 M NaCl, before and after their excess reser-
voir spilled onto the glass coverslip. The templates formed
with 1 M NaCl have a 2.4-fold higher fluorescence intensity
than those formed with 1 mM NaCl (Fig. 1 D), consistent
with bulk fluorescence measurements (Fig. 1 A). Of impor-
tance, spillage of the excess reservoir from templates formed
with 1 M NaCl reduces their intensity to levels seen in
templates formed with 1 mM. These results indicate that
the excess membrane reservoir can be depleted by external
manipulations, such as allowing it to spread out on a glass
surface, and suggest that the reservoir is organized as a singlebilayer with folds rather than multiple lamellae stacked
together. We analyzed this by monitoring the accessibility
of the fluorescent lipid analog NBD-PE to quenching by di-
thionite, a water-soluble reducing agent. Fig. 1 E shows that
~70% of the NBD-PE fluorescence in the reservoir is
quenched by dithionite, suggesting a unilamellar membrane.
In comparison, LUVs of the same lipid composition showed
~60% quenching of fluorescence by dithionite (Fig. 1 E).
The higher degree of quenching with templates could be
due to the presence of submicroscopic defects that are
more permeable to dithionite than the bulk of the supported
bilayer.Effect of negatively charged lipids on the
membrane reservoir in supported bilayers
The above results show that an increase in the NaCl concen-
tration leads to an increase in the membrane reservoir in
templates formed with a fixed DOPS content. We next tested
the effect of varying the DOPS content on the membrane
reservoir in templates at fixed NaCl concentrations. Fig. 2 A
shows that at 1 mM NaCl, increasing the DOPS content
tends to reduce the reservoir on templates, and this effect
reaches saturation at 9 mol% DOPS (Fig. 2 A, open circles).
The opposite is seen when templates are formed in the pres-
ence of 1 M NaCl, i.e., an increase in the DOPS content leads
to an increase in the membrane reservoir (Fig. 2 A, solid
circles). Thus, under high-ionic-strength conditions, the
inclusion of DOPS results in an increase in membrane reser-
voir on the templates (Fig. 2 B), reaching a maximum ofFIGURE 1 (A) Fold change in the membrane reservoir in
templates formedwithDOPC/DOPS/RhPE (84:15:1mol%)
with increasing concentrations of NaCl. Data represent the
mean5 SD (n¼ 4). Templates were formed on silica beads
with 200 mM SUVs and washed extensively to remove
unbound SUVs and excess salt, and subsequently solubi-
lized in 0.1% Triton X-100 to estimate the amount of
membrane reservoir. (B) Fluorescence images of templates
formedwith the indicated concentrations of NaCl and added
to a piranha-cleaned glass coverslip. Templates were
imaged at their basal plane to visualize the spread of
membrane reservoir on to the coverslip (arrows). Scale
bars¼ 5 mm. (C) Fluorescence images of templates formed
with 1 mM NaCl and 1 M NaCl, before and after the
membrane reservoir spread out. Templates were imaged at
their equatorial plane. Scale bars¼ 5 mm. (D) Fluorescence
intensities of templates analyzed from images acquired
under conditions shown in C. Data represent the mean 5
SD (nR 36 templates for each condition). (E) Dithionite-
induced quenching of fluorescence in LUVs and templates
formed with 1 M NaCl composed of DOPC/DOPS/NBD-
PE (83:15:2 mol%). The arrow marks the time of dithionite
addition.Values are normalized to the fluorescence intensity
before dithionite addition and represent the mean of five
experiments.
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FIGURE 2 (A) Membrane reservoir
in templates formed with SUVs of in-
creasing DOPS content in the presence
of 1 mM and 1 M NaCl. Data represent
the mean5 SD (n¼ 3). (B) Fold change
in the membrane reservoir in templates
with increasing DOPS content. Data
represent the ratio of fluorescence inten-
sities in templates formed with 1 M and
1 mMNaCl shown in panel A. (C) Fluo-
rescence images of templates formed
with 1 M NaCl with SUVs of increasing
DOPS content deposited on a glass
coverslip. Templates were imaged at
their basal plane to visualize the spread
of the membrane reservoir onto the
coverslip (arrows). Scale bars ¼ 5 mm.
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reservoir spilled onto glass coverslips from templates formed
with increasing concentrations of DOPS in the presence of
1 M NaCl. Of interest, the reservoir around the templates
spreads out only when the DOPS content is 9 mol% or
higher. We note that the reservoir in templates containing
15 mol% DOPS and formed in 1 M NaCl (Fig. 2 A,
~16,000 a.u.) is similar to that seen in DOPC templates
formed with 1 mM NaCl (Fig. 2 A, ~15,000 a.u.), yet we
did not observe any membrane spreading on coverslips
from the latter (data not shown). This indicates that the
high salt increases the reservoir in negatively charged
templates to levels seen in zwitterionic templates, and that
the spreading of the reservoir from templates on to the glass
surface depends on both the membrane reservoir and the
presence of negatively charged lipids.Kinetic analysis of supported bilayer formation
We monitored the kinetics of template formation to gain
insight into the mechanism by which salt increases the
membrane reservoir in negatively charged templates. Silica
beads were incubated with DOPC/DOPS (85:15 mol%)
SUVs in the presence of increasing NaCl concentrations for
different periods of time. The templates attained their charac-
teristic reservoir within 5min, the shortest time point possible
with the sedimentation assay, and remained constant for up to
60 min (data not shown). From this, we conclude that the
buildup of excess reservoir on the templates was due to events
occurring during supported bilayer formation, rather than to
vesicles fusing to an already formed supported bilayer.
To further define the mechanism behind the salt-depen-
dent deposition of excess reservoir, we developed quantita-
tive assays to measure the early events in supported bilayer
formation. For these assays, low concentrations of fluores-Biophysical Journal 99(2) 517–525cently labeled LUVs (DOPC/DOPS/RhPE (84:15:1 mol%,
2 mM) were added to glass coverslips and visualized by epi-
fluorescence microscopy. The adsorption of LUVs can be
seen by the appearance of fluorescent punctae on the glass
surface (Fig. 3 A, arrows in top and bottom panels at
t ¼ 1.3 s) that increase in number with time in the absence
of excess unlabeled SUVs (Fig. 3 A, top panel). The low
concentration of fluorescent LUVs used in these experiments
allowed us to monitor events taking place on the coverslip
surface without significant interference from fluorescence
in the bulk solution. Performing the same experiment in
the presence of a 100-fold excess of unlabeled SUVs
(DOPC/DOPS 85:15 mol%, 200 mM) allowed us to visualize
supported bilayer formation. Under these conditions, the ad-
sorbed, fluorescently labeled LUVs transform into irregular,
lower-intensity patches, suggesting spreading due to fusion
with unlabeled SUVs and subsequent dilution of the fluores-
cent lipid (see Fig. 3 A, bottom panel at t¼ 23.4 s, and Movie
S1 in the Supporting Material for the entire sequence). Note
that the spread is limited at this stage, and hence the patch
boundaries can still be clearly distinguished. The patches
are heterogeneous in size and fluorescence intensity. With
time, the fluorescence in the patches continues to decrease
as they appear to expand and merge with adjacent ones.
Eventually the entire field becomes homogeneous, reflecting
the formation of a continuous supported bilayer. A similar
trend was seen with DOPC liposomes (data not shown),
implying that the formation of such kinetic intermediates is
a characteristic feature of supported bilayer formation. Quan-
titation of these data showed that the fluorescence intensity
of LUVs remained constant in the absence but dropped in
the presence of excess unlabeled SUVs (Fig. 3 B), indicating
that the imaging parameters were optimized to avoid photo-
bleaching of the fluorescent lipid, and that the loss of inten-
sity was indeed due to fusion.
FIGURE 3 (A) Microscopy-based
assay tomonitor the kinetics of liposome
adsorption and formation of supported
bilayers on glass coverslips. The assay
is initiated by adding a 20 mL aliquot of
2 mM fluorescent LUVs composed of
DOPC/DOPS/RhPE (84:15:1 mol%) in
the absence (for adsorption, top panel)
or presence (for supported bilayer
formation, bottom panel) of 200 mM of
unlabeled SUVs composed of DOPC/
DOPS (85:15 mol%) to a 1 cm wide
circle (marked by a permanent marker)
on a piranha-cleaned glass coverslip.
Top panel: Time-lapse sequence
showing the adsorption of fluorescent
LUVs (arrows in panel t ¼ 1.3 s) to the
glass coverslip. Bottom panel: The
same in the presence of unlabeled
SUVs, showing both adsorption and
fusion to form a supported bilayer. Scale
bar¼ 5 mm. See Movie S1 for the entire
sequence. (B) Fluorescence intensity of
a single fluorescent LUV in the absence
(black circles) and presence (gray
circles) of excess unlabeled SUVs. (C)
Kinetics of adsorption of fluorescent
LUVs in the presence of 100 mM (black
circles) and 1 M (white circles) NaCl.
Data represent the mean5 SD (n ¼ 6).
(D) Kinetics of adsorption of fluorescent
LUVs (rising phase), their fusion with
unlabeled SUVs (declining phase), and
the formation of a supported bilayer in
the presence of 100 mM (black circles)
and 1 M (white circles) NaCl. Values
are normalized to the peak in liposome
density reached with 100 mM NaCl
(dotted line). Data represent the mean5
SE (n ¼ 3). (E) Representative traces
showing the loss in fluorescence intensi-
ties associated with the transition of
single LUVs to supported bilayers in
the presence of 100 mM (gray circles) and 1 M (black circles) NaCl. The decay in fluorescence intensity occurs in discreet stages, as shown by the step-like
drop in intensity. The complete decay process was fit to a sigmoidal curve to determine the rate (t1/2) of transition to a supported bilayer. (F) Histograms of
the t1/2 of the liposome-to-supported-bilayer transition in the presence of 100 mM and 1 M NaCl. Data represent the mean5 SD (n ¼ 84).
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of excess unlabeled SUVs for rates of liposome adsorption
by tracking the number of fluorescent LUVs present at
each frame. We monitored the adsorption of DOPC/DOPS
(85:15 mol%) liposomes in the presence of 100 mM and
1 M NaCl, conditions that lead to a 1.7-fold increase in
membrane reservoir (Fig. 1 A). Of importance, the rate of
adsorption of liposomes is highly sensitive to the ionic
strength. Thus, an increase in NaCl concentration from
100 mM to 1 M results in a ~6-fold increase in the rate of
liposome adsorption (Fig. 3 C, slope ¼ 0.50 5 0.03 s1
for 100 mM NaCl and 2.80 5 0.14 s1 for 1 M NaCl).
We analyzed time-lapse sequences in the presence of excess
unlabeled SUVs for rates of supported bilayer formation by
tracking the decay in fluorescence intensity of individualLUVs. At the ensemble level, liposome adsorption can be
seen as a rising phase, whereas the subsequent fusion of
the liposomes creates a declining phase until a low-intensity
plateau is reached, indicative of supported bilayer formation
(Fig. 3 D). Again, the rate and extent of adsorption of lipo-
somes in the presence of 1 M NaCl is significantly increased
as compared to that seen with 100 mM NaCl. As expected,
this higher liposome density results in the subsequent lipo-
some fusion events (i.e., the declining phase) being both
faster and more cooperative than those seen with 100 mM
NaCl. Thus, the formation of supported bilayers is completed
in a shorter period of time with 1 M NaCl (~40 s) than with
100 mM NaCl (~100 s). These effects were more accurately
quantified by analyzing the liposome-to-supported-bilayer
transformation at the level of single liposomes (Fig. 3, EBiophysical Journal 99(2) 517–525
522 Pucadyil and Schmidand F). The decay in fluorescence intensity of a single ad-
sorbed liposome during supported bilayer formation occurs
in discrete stages, as evidenced by the step-like drop in inten-
sity (Fig. 3 E). These data were fit to a sigmoidal function to
estimate the rate (t1/2) of liposome-to-supported-bilayer
transformation (Fig. 3 E, smooth traces). Consistent with
the ensemble measurements, the kinetics of supported
bilayer formation was ~3-fold faster in 1 M NaCl than in
100 mM NaCl (Fig. 3 F, t1/2 ¼ 23.5 5 6.3 s for 1 M
NaCl and 75.85 22.5 s for 100 mM NaCl, n¼ 84). In addi-
tion, fusion events occurred with greater cooperativity, as
reflected by the narrower distribution of half-lives seen
with 1 M compared to 100 mM NaCl (Fig. 3 F). The kinetics
of formation of supported bilayers with DOPC was insensi-
tive to the salt concentration (data not shown). Together,
these data demonstrate that the salt-dependent accumulation
of excess reservoir in negatively charged templates occurs
primarily as a consequence of the initial increase in the
rate of adsorption of liposomes to the glass/silica surface.Membrane remodeling of SUPER templates
The largeGTPase dynamin-1 is involved in a number of trans-
port processes that occur at the plasma membrane, where itBiophysical Journal 99(2) 517–525recognizes specific lipids such as PI-(4,5)-P2 (21). To study
its effects on SUPER templates, we first analyzed templates
formed with a lipid composition that mimicked the inner
leaflet of the plasma membrane in terms of lipid headgroup
characteristics. Fig. 4 A shows the fold increase in membrane
reservoir in templates composed of DOPC/DOPE/choles-
terol/DOPS/PI-(4,5)-P2/RhPE (26:20:33:15:5:1 mol%) with
increasing NaCl concentrations. Thus, the templates accumu-
late 2.5-fold more reservoir when formed in the presence of
1 M NaCl compared to 30 mM NaCl, the lowest NaCl
concentration necessary to form templates with cholesterol-
containing liposomes. Again, the excess membrane reservoir
spreads out from these templates onto a glass coverslip
(Fig. 4 B, arrows). These results are similar to those observed
for templates composed of relatively simple lipid mixtures of
DOPC/DOPS (85:15 mol%; Fig. 1, A and B), and hence
demonstrate the feasibility of generating SUPER templates
with diverse lipid compositions.
The ability to microscopically visualize templates while
they are in suspension and to isolate the end products of a
vesiculation reaction by a low-speed spin forms the basis
of a facile assay to analyze the function of proteins involved
in membrane remodeling events. This was demonstrated
recently in a study that analyzed the effects of dynamin-1FIGURE 4 (A) Fold change in the
membrane reservoir with increasing
concentrations of NaCl in templates
formed with DOPC/DOPE/cholesterol/
DOPS/PI-(4,5)-P2/RhPE (26:20:33:15:
5:1 mol%) SUVs. Data represent the
mean 5 SD (n ¼ 3). (B) Fluorescence
images of templates formed with the
indicated concentrations of NaCl depos-
ited on a glass coverslip. Themicroscope
focus was adjusted to the basal plane of
the templates to visualize the spread of
the membrane reservoir onto the cover-
slip (arrows). Scale bars ¼ 5 mm. (C)
Dynamin-induced membrane tubule
formation (arrows) from templates
formed with 1 M NaCl. Experiments
were carried out on PEG-silane-coated
coverslips to prevent the excess reservoir
from spreading out of the templates. (D)
Efficiency of GTP-dependent, dynamin-
catalyzedmembrane fission and vesicles
release with templates formed with the
indicated NaCl concentrations. Data
represent the mean 5 SD (n ¼ 3). (E)
Fluorescence micrograph of vesicles in
the supernatant from a dynamin-cata-
lyzed membrane fission assay carried
out on templates formed with the indi-
cated concentrations of NaCl. (F) Corre-
lation between membrane fission (RhPE
fluorescence released into supernatant)
and rate of clathrin-mediated endocy-
tosis monitored by transferrin uptake
in cells for wild-type and six different
dynamin-1 point mutants.
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(80:15:5 mol%) (15). In the absence of GTP, dynamin-1
self-assembles to remodel the membrane into long tubules,
whereas in the presence of GTP, self-limited assemblies of
dynamin catalyze fission and concomitant release of vesicles
from templates. To determine the significance of the excess
reservoir for such membrane remodeling events, we
analyzed dynamin-mediated tubule formation and vesicle
release from templates formed in the presence of either
30 mM or1 M NaCl. Fig. 4 C shows that in the absence of
GTP, the addition of 0.5 mM dynamin-1 to SUPER templates
leads to the formation of long membrane tubules (Fig. 4 C,
arrows). Similar experiments with templates formed in the
presence of 30 mM NaCl did not produce any membrane
tubules (data not shown), indicating that excess membrane
reservoir is indeed necessary for dynamin-self assembly
and tubule formation. Fig. 4 D shows that in the presence
of 1 mM GTP, 0.5 mM dynamin-1 catalyzes the release of
30% of the total RhPE fluorescence in templates formed
with 1 M NaCl. Even though the total lipid was kept constant
in the assay, the RhPE release from templates formed with
30 mM NaCl (7%) is only barely detectable over the back-
ground fluorescence (5%) in samples with templates alone
(control), or with dynamin in the absence of GTP. This back-
ground likely originates from residual SUVs left over from
template preparation. Thus, a 2.5-fold increase in the mem-
brane reservoir in templates leads to a >10-fold increase in
the extent of dynamin-catalyzed membrane fission and
vesicle release. The released vesicles can be microscopically
visualized by adsorbing them onto a glass coverslip. Fig. 4 E
shows vesicles generated from templates formed with
30 mM and 1 M NaCl in the presence of 0.5 mM dynamin-
1 and 1 mM GTP. Consistent with the result from the sedi-
mentation assay (Fig. 4 D), the presence of excess reservoir
on the templates dramatically improves the efficiency of the
dynamin-catalyzed vesiculation process.
Taken together, these results signify the importance of the
excess membrane reservoir in templates for the successful
reconstitution of vesicular transport. In addition, the extent
of membrane fission in the presence of dynamin and GTP
from cholesterol-containing templates (30%) is similar to
that reported earlier for SUPER templates lacking cholesterol
(15,17,22). Thus, the presence of cholesterol and phosphati-
dylethanolamine in the membrane does not significantly
influence the efficiency of dynamin-catalyzed membrane
fission. In cells, dynamin catalyzes the scission of clathrin-
coated pits to release coated vesicles, whereas in the in vitro
membrane fission assay, dynamin catalyzes the release of
lipid vesicles. To determine whether the vesiculation seen
with dynamin in vitro indeed mimics its cellular function,
we correlated the rate of transferrin uptake (a marker for cla-
thrin-mediated endocytosis) and membrane fission activity
for wild-type and six different, previously described dyna-
min-1 point mutants (17,22). Fig. 4 F shows that these two
functions are well correlated (r2 ¼ 0.97), providing confi-dence in the use of templates to analyze dynamin functions
in particular and vesicular transport in general.Stability of SUPER templates
We next monitored the detergent-induced solubilization and
concomitant release of lipids from templates. In principle,
lipid release should coincide with the critical micellar
concentration (CMC) of the detergent, and no lipid release
should occur at concentrations below the CMC, despite
extensive membrane destabilization caused by partitioning
of detergent monomers into the lipid bilayer. Sedimentation
assays with a range of detergent concentrations should there-
fore inform us about the general stability of these templates
and the possible effects of experimental manipulations, such
as the low-speed spin in promoting lipid release, especially
when poised to undergo solubilization. Fig. 5 A shows the
Triton X-100-induced solubilization measured by the
amount of RhPE fluorescence present in the supernatant after
a low-speed spin. The fluorescence release occurs within
a narrow range of detergent concentrations, with half-
maximal release seen at 0.019% (v/v), in excellent agreement
with the reported CMC of 0.018% (w/v) (23). Of note,
templates incubated in the presence of sub-CMC concentra-
tions (at 0.01%, v/v) do not show any significant fluores-
cence release despite the gross morphological changes,
such as the formation of large membrane buds, on templates
seen at this concentration (Fig. 5 A, inset). The lipid release
therefore coincides with solubilization and not with
membrane destabilization, and serves as an important control
to emphasize the general stability of these SUPER templates
against membrane-perturbing agents.
We alsomonitored the stability of SUPER templates against
protein-induced membrane perturbation by testing the effect
of fatty acid-free BSA.As shown in Fig. 5 B, DOPC templates
were highly unstable in the presence of BSA, with 60% of
RhPE fluorescence released at 5 mM (0.03% w/v) BSA. Of
importance, templates with 12–15mol%DOPSwere resistant
to the effects of BSA. BSA is well known for its tendency to
delipidate membranes and act as a lipid transfer protein.
However, these effects were not limited to BSA. Templates
lacking DOPS were unstable even in the presence of casein
and GTPase-defective mutants of dynamin-1 (data not
shown). Thus, the presence of negatively charged lipids in
the templates contributes substantially to the stability of the
lipid bilayer. Although we do not understand the reason for
the instability seen with DOPC templates, our results caution
against the use of templates with low amounts of negatively
charged lipids in vesicular transport assays.DISCUSSION
We have provided a detailed characterization of the require-
ments for and mechanisms underlying the formation of
supported bilayers with excess reservoir. These SUPERBiophysical Journal 99(2) 517–525
FIGURE 5 (A) Triton X-100-induced solubilization of the membrane
bilayer on templates. Templates were formed with DOPC/DOPS/RhPE
(84:15:1 mol%) SUVs in the presence of 1 M NaCl. RhPE fluorescence
released into solution with increasing concentrations of Triton X-100 is
plotted. Values are normalized to the fluorescence intensity in the presence
of 0.1% Triton X-100 (Total). Data represent the mean5 SD (n ¼ 3). Inset
shows an image of templates in the presence of a sub-CMC (0.01%) concen-
tration of Triton X-100. Templates were imaged at their equatorial plane to
visualize large buds formed on them (arrows). Scale bar ¼ 5 mm. (B)
Stability of the membrane bilayer on templates against BSA. Values are
normalized to the fluorescence intensity released in the presence of 0.1%
Triton X-100 (% Total).
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brane dynamics, in particular membrane budding and fission.
Formation of these SUPER templates, which can incorporate
multiple lipid species, requires high salt and negatively
charged lipids.
The effect of ionic strength on the formation of supported
bilayers composed of zwitterionic lipids has been well
studied. The presence of salt has been interpreted to alter
the pathway by which supported bilayers are formed. At
low salt concentrations or in water, supported bilayer forma-
tion is assumed to proceed via an isolated liposome rupture
process that displays little cooperativity (24–26). The pres-
ence of salt improves adsorption of liposomes, leading first
to their accumulation on the surface to reach a critical density,Biophysical Journal 99(2) 517–525and then to fusion leading to the formation of supported bila-
yers through a highly cooperative process (24–26). Alternate
models for supported bilayer formation suggest an early
rupture process to form a bilayer patch, and subsequent
filling up of the interstices by vesicle fusion catalyzed by
the bilayer edges around the patch (26–28). Our data support
the latter model, as we directly observe membrane patches as
a kinetic intermediate during formation of supported bilayers.
Of importance, our results indicate that supported bilayers can
form with widely different surface densities of liposomes,
suggesting that it may not be necessary to reach a critical
liposome density for supported bilayer formation.
Our analyses indicate that for supported bilayers formed
with negatively charged liposomes, an increase in salt concen-
tration leads to an increase in the membrane reservoir. When
formation of supported bilayers is monitored on a glass
surface, it can be seen that an increase in salt concentration
leads to an increase in both the rate of liposome adsorption
and supported bilayer formation. We note, however, that
an increase in salt concentration does not cause a proportional
increase in the rates of these two processes. Although an
increase in salt concentration from 100 mM to 1 M results
in a ~6-fold increase in the rate of liposome adsorption, the
rate of supported bilayer formation increases by only
~3-fold. The degree of membrane reservoir deposition in sup-
ported bilayers is directly related to the product of the rate of
liposome adsorption and the characteristic time (t1/2) required
for supported bilayer formation. The product of these rates for
supported bilayers formed at 100 mM NaCl and 1 M NaCl
is 37.9 (i.e., 0.5 s1  75.8 s; Fig. 3, C and F) and 65.8
(i.e., 2.8 s1  23.5 s; Fig. 3, C and F), respectively. Thus,
an increase in salt concentration from 100 mM to 1 M NaCl
results in a 1.7-fold increase in themembrane reservoir in sup-
ported bilayers, which matches exactly with our measured
value of a 1.7-fold increase in supported bilayers on silica
beads formed under these salt concentrations (Fig. 1A). These
results indicate that the membrane reservoir in supported bila-
yers can be predicted by a simple causal relationship between
the rate of liposome adsorption and the rate of formation of
supported bilayers. Thus, an increase in salt concentration
causes a disproportional increase in the rates of these
processes, leading to accumulation of excess reservoir with
an increase in ionic strength.
We speculate that the cause of the disproportionate increase
in rates of adsorption and supported bilayer formation with an
increase in salt relates to the manner by which salt influences
the balance between liposome adsorption and fusion-induced
spreading on the surface. Fusion-induced spreading of
liposomes can be considered to be inhibitory to liposome
adsorption, since spreading would reduce the area available
for liposome binding. Thus, if the kinetics of liposome
binding were faster than the kinetics of fusion-induced
spreading of liposomes, an initial increase in the liposome
density (over that necessary for fusion-induced spreading)
would lead to an increase in membrane reservoir because
Supported Bilayers with Excess Reservoir 525the finite surface on the silica beadswould be covered bymore
liposomes. Thus, templates with a low reservoir could arise
from fewer liposomes thinly spread over the bead surface,
and an increase in the capacity for liposome adsorption under
such conditions could cause the accumulation of reservoir.
It must be noted that the amount of reservoir in supported
bilayers formed with negatively charged lipids at high ionic
strength is similar to that seen with zwitterionic lipids formed
under conditions of low ionic strength. However, based on
its tendency to spontaneously spread out on a glass surface,
the reservoir formed with negatively charged supported bila-
yers appears to be physically less coupled to the underlying
silica surface than a zwitterionic supported bilayer. A
possible reason for this may be the repulsion experienced
by the anionic supported bilayer from the negatively charged
silica surface after the charge-screening effect of salt is
reduced during washing steps in the course of template prep-
aration. Indeed, the presence of submicroscopic defects in
supported bilayers leads to the rapid equilibration of ions
across the supported bilayers, which makes them insensitive
to osmotic imbalances (18–20).
In summary, we have characterized a template of sup-
ported bilayers formed on silica beads in terms of factors
that contribute to an increase in the membrane reservoir, an
essential criterion for their use in vesicular transport assays.
Negatively charged lipids and a high-ionic-strength medium
appear to be necessary for this purpose. The templates are
a versatile model membrane system because they allow the
simultaneous application of biochemical and light-micro-
scopic approaches to analyze membrane-related processes.
Because of the relatively simple procedures involved in their
preparation, and the fact that they can be formed with a
diverse lipid composition, these templates are broadly appli-
cable for reconstituting membrane budding and fission reac-
tions involved in several forms of vesicular transport.SUPPORTING MATERIAL
One movie is available at http://www.biophysj.org/biophysj/supplemental/
S0006-3495(10)00534-5.
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